A major challenge in cell and molecular physiology research is to understand the mechanisms of biological processes in terms of the interactions, activities and regulation of the underlying proteins. Functional and mechanistic analyses of the large number of proteins that participate in the regulation of cellular processes will require new approaches and techniques for high throughput and multiplexed functional analyses of protein interactions, protein conformational dynamics and protein activity. In this review we focus on the development and application of proteomics and associated technologies for quantitative functional analysis of proteins and their complexes that include: (1) the application of surface plasmon resonance (SPR) imaging for multiplexed, label-free analyses of protein interactions, binding constants for biomolecular interactions and protein activities; and (2) high content analysis of protein motions within functional multiprotein complexes.
Introduction
It has been argued that an understanding of the mechanisms that control cellular processes requires an appreciation of how the activities and interactions of proteins and their complexes are regulated and integrated in time and space (Roy et al. 2001; Pjizicky et al. 2003; Ping, 2003) . This is a daunting task given the large number of potential protein interactions that exist in a cell -for example, scores of actin binding proteins are implicated in the regulation of cell motility (Pollard & Borisy, 2003) and the finding that the activity and interactions of many proteins are regulated at specific sites and times in the cell (Choidas et al. 1998; Murakoshi et al. 2004) . In principle complex cellular processes such as motility can be studied through a global analysis of gene expression, which may reveal specific genes whose expression is coupled to the perturbation. However, the correlation between the level of a specific mRNA and the corresponding protein is not strong (Gygi et al. 1999) and, furthermore, gene expression profiles are largely blind to the post-translational protein modifications that underlie the regulation of many cellular processes.
A more complete understanding of the regulation of cell function and behaviour may be better served by studying the interactions and functions of the underlying proteins (Zhu et al. 2001) . Functional proteomics is a rapidly developing field that borrows concepts and methodologies from biology, chemistry, physics and engineering to understand biological function in terms of the activities and interactions of the underlying proteins. Many of the functional proteomic studies described to date are qualitative and discovery based and seek to merely identify the proteins within complexes. However, there is also a need for more quantitative analysis of functional proteomics that can elucidate the mechanisms that regulate the formation and activities of specific protein complexes. Given the fantastic number of potential protein complexes that exist within a cell, there is a tremendous need to develop (1) new technologies and platforms for high throughput, multiplexed and quantitative analyses of protein interactions and activities, and (2) high-content analyses of protein complexes that elucidate the mechanisms underlying their function. These studies should include a quantitative analysis of functional motions or reactions that lead to a specific activity or regulation of the protein complex.
Recent studies demonstrate that engineered surfaces harbouring microarrays of functional proteins (protein chips; Zhu et al. 2000 Zhu et al. , 2001 MacBeath & Schreiber, 2000; Chen et al. 2003) can be used for massively parallel, multiplexed kinetic and thermodynamic analyses J Physiol 563.1 of protein interactions and protein activity. In this review, we focus on two specific approaches for the quantitative analysis of protein interactions and function: (i) the multiplexed SPR imaging (label-free) analysis of enzymatic activity and the determination of the association and dissociation rates for protein complexation, and (ii) the high content fluorescence based analysis of protein motions within functional multiprotein complexes. The reader can find the following reviews on the applications of mass spectrophotometry to proteomics: Resing (2002) , Aebersold & Mann (2003) and Graves & Haystead (2003) ; while key concepts and methodologies used in functional proteomics have recently been reviewed by Ping (2003) and .
Thermodynamics of protein complex formation
Given the finite lifetime of protein complexes, high throughput analysis of protein interactions on protein chips should be performed using a concentration of target protein that significantly exceeds the dissociation constant for the capture-target protein complex. This condition is rarely met for fluorescence detection of surface bound target because the chip is washed to remove unbound detection probes -this action reduces the concentration of target protein to well below the equilibrium constant and so the amount of protein complex bound to a surface after a given period of time will be governed by the rate of complex dissociation. Clearly, then, sensible measurements of protein complexes using fluorescence detection require that the period between the dilution and detection events is far shorter than the time constant for complex dissociation. How long can this period be? For a protein complex having a equilibrium dissociation constant of 10 −8 m that is formed with a bimolecular rate constant of 10 7 m −1 s −1 , the rate of complex dissociation will be 0.1 s −1 or a time constant of 10 s. Thus any protein subunit that is weakly bound within a surface bound complex will rapidly dissociate under this condition and only a vanishingly small percentage will remain for functional analyses. The thermodynamics of protein interactions thereby sets a strict limit on the types of complexes that can be studied using protein microarrays and fluorescence detection -this limitation particularly affects the functional proteomic analysis of rapid cellular processes such as exocytosis and cell motility, which are necessarily regulated by short lived protein interactions. On the other hand, strongly bound protein complexes, e.g. a surface-bound capture antibody-target protein, will usually exhibit an equilibrium dissociation constant of 10 −12 m, which with a bimolecular rate constant of 10 7 m −1 s −1 will persist for an average lifetime of nearly 28 h. Consequently, multiplexed, fluorescence based detection of protein complexes on protein chips are usually limited to monomeric proteins that are covalently or tightly bound to the surface or to extremely stable protein complexes. Fluorescence spectroscopy and fluorescence imaging techniques are routinely used to quantify the activity, interactions and dynamics of proteins even to the level of single molecules (Kron & Spudich, 1986) . Furthermore, fluorescence detection is suitable for quantifying protein binding reactions and protein content over a very large dynamic concentration range. In practice, a captured target protein is usually detected on the chip surface by using a biotinylated monoclonal antibody that recognizes a separate epitope on the target protein. The detection antibody is tagged by using a fluorescently labelled streptavidin -alternatively, the detection antibody can be tagged with fluorescently labelled second antibodies raised against the detection antibody. The level of background signal that arises primarily from the non-specific binding of fluorescent detection reagent to the chip surface dictates the sensitivity of the fluorescence readout. The magnitude of the background signal depends on the nature of the optical probe and the protein to which it is attached.
Label free detection of protein interactions and activities.
Label free detection of protein interactions, on the other hand, can be made without exchanging the biological sample since the measurement is based on a change in a surface property as described below. Quantitative measurements of multiple protein association reactions, such as the rate of complex formation, can therefore be performed directly in the biological sample, e.g. a cell lysate or serum. Furthermore by exchanging the biological sample with buffer, it is also possible to use the same protein chip to determine the rate of complex dissociation.
Multiplexed analysis of protein interactions using surface plasmon resonance (SPR). SPR is a surface sensitive optical technique that can be powerfully applied to study bioaffinity interactions in a label-free manner on gold or noble metal thin films. SPR is based upon the creation of surface plasmons (SPs), which are oscillations of free electrons that propagate parallel to a metal/dielectric interface. In order to excite SPs, p-polarized light is reflected through a particular optical geometry typically involving a prism-noble metal film-dielectric layer assembly (Homola et al. 1999) . The SPs are evanescent waves that have a maximum charge density at the interface and decay exponentially from the surface of the metal with a typical decay length of about 200 nm. Within this region, SPR is sensitive to any changes in the index of refraction caused by adsorption of molecules onto or desorption of molecules from the metal surface. Real-time changes in the SPR response can be measured using two different approaches: (a) SPR angle shift (Szabo et al. 1995; Hanken et al. 1996) , the most commonly used method, in which the reflectivity of incident monochromatic light is monitored as a function of the incident angle (using instruments from BIACORE or Texas Instruments), and (b) SPR imaging (using instruments from GWC Technologies or HTS Biosystems), an array format technique that measures spatially resolved changes in reflectivity from a surface at a fixed angle and fixed wavelength . SPR imaging offers a distinct advantage over angle shift measurements as much larger numbers of biological interactions can be monitored simultaneously on a single surface compared to angle shift measurements.
A schematic diagram of the SPR imaging instrument used for the study of biomolecular interactions is shown in Fig. 1 . Briefly, near infrared light from a collimated white light source is directed through a polarizer and is then incident on a high index glass prism optically coupled to a thin gold film to which probe molecules are attached. At a fixed angle the light interacts with the thin gold film patterned with biomolecules, creating surface plasmons and inducing an attenuation of the film reflectivity. Adsorption of molecules, such as nucleic acids or proteins onto the array elements results in changes in the reflectivity of the incident light, which are monitored with a CCD camera. Images with a minimum lateral resolution on the order of 50 µm can be achieved using an excitation wavelength of 830 nm. Samples can be injected onto the array surface through either a 100 µl flow cell or a polydimethylsiloxane (PDMS) microchannel with a total target solution volume of 1-10 µl.
Applications using SPR imaging include the detection and identification of DNA and RNA by hybridization adsorption onto DNA or RNA microarrays (Nelson et al. 2001; Lee et al. 2001; Goodrich et al. 2004a,b) , protein-DNA binding using DNA arrays Wegner et al. 2003; Kyo et al. 2004) , antibody-antigen epitope mapping using peptide microarrays (Wegner et al. 2003) , kinetic studies of enzymatic reactions of peptide microarrays (Wegner et al. 2004) , and protein interactions using protein arrays (Kanda et al. 2004) . SPR imaging measurements are quantitative and the change in percentage reflectivity ( %R) is directly proportional to the fractional surface binding coverage (θ), providing %R is below 10% (Nelson et al. 2001) . The current sensitivity of the SPR imaging technique is about 10 fmol (10 µl of 10 nm solution) for 18-mer single-stranded DNA hybridized to a DNA array (Lee et al. 2001 ) and 1 fmol (10 µl of 1 nm solution) for specific antibody adsorption onto a peptide array (Wegner et al. 2002) . Most recently Corn and colleagues (Goodrich et al. 2004b ) demonstrated an enzymatically amplified SPR imaging method to detect 5 amol of 18-mer single-stranded DNA (500 µl of 10 fm solution) adsorbed onto an RNA array.
Label free detection provides a far greater degree of multiplexing compared to fluorescence based detection, which requires pairs of non-cross-reacting, high affinity antibody pairs (Peluso et al. 2003) . SPR and related label-free detection platforms are also ideally suited for multiplexed analysis of association and dissociation rate constants for protein complexes, since all of the participants in the protein complex will yield an SPR imaging signal.
Surfaces for SPR analysis. A uniform presentation of surface immobilized proteins involves specific attachment to functionalized high density self-assembled monolayers (SAMs) prepared on planar gold surfaces. Most common protein array fabrication methods (Zhu et al. 2001; Haab et al. 2001 ) rely on the randomly orientated immobilization of proteins through amine or thiol groups present on the protein surface. In contrast, alkanethiol SAMs that are ω-terminated with a particular functional group provide a more robust and flexible platform for designing highly specific immobilization strategies Frutos et al. 2000; Smith et al. 2001; Wegner et al. 2002 Wegner et al. , 2003 Sullivan & Huck, 2003) In this section, two different surface attachment procedures based on SATP (N -succinimidyl S-acetylthiopropionate) heterobifunctional cross-linking chemistry are discussed: (1) the use of SATP-DPDS (2,2 -dipyridyl disulphide) for thiol-containing biomolecules (i.e. cysteine terminated peptides; Smith et al. 2001; Wegner et al. 2002) and (2) the use of SATP-DTT (dithiothreitol) for His-tag proteins (Wegner et al. 2003) . Both reaction schemes begin with a self-assembled monolayer of 11-mercapto-undecylamine (MUAM) on a planar gold surface (45 nm thick). The MUAM surface is then reacted with SATP to create a reactive sulfhydryl-terminated surface. This involves a two step reaction: the NHS ester moiety of SATP reacts with the terminal amines of the packed monolayer forming a stable amide linkage and then a hydroxylamine solution containing DTT is used to remove the acetyl protecting group from the sulfhydryl revealing an active sulfhydryl surface. For thiol modified biomolecule attachment, this sulfhydryl surface is reacted with 2,2 -dipyridyl disulphide to form a pyridyl disulphide surface. Probe molecules such as cysteine terminated peptides and thiol modified DNA can then be immobilized to the surface via a thiol disulphide exchange reaction. A surface coverage of 10 13 molecules cm −2 is typically attained. This approach has been successfully demonstrated with over 30 repeat hybridization-dehybridization cycles on a single DNA microarray (Smith et al. 2001) . Moreover, this surface attachment chemistry has the additional advantage of being reversible; the disulphide bond can be cleaved in the presence of DTT to regenerate the sulfhydryl-terminated surface. In order to create a capture monolayer of His-tag proteins, the activated sulfhydryl surface is reacted with maleimide-nitrilotriacetic acid (NTA) forming a stable thioether linkage through the alkylation of the double bond of the maleimide.
The use of SAMs and heterobifunctional crosslinkers such as SATP can be adapted to fabricate microarrays containing individually addressable components useful for multiplexed detection. In one approach, UV photopatterning-deprotection chemistry is combined with either manual (Brockman et al. 1999; Nelson et al. 2001) or automatic spotters (Kyo et al. 2004) to attach over 150 different probe molecules on a 1.8 cm× 1.8 cm chip surface. Alternatively, PDMS microfluidic channels have been used with the specific aim of lowering detection limits, reducing analysis time and minimizing chemical consumption and sample volume (Lee et al. 2001) . By changing the width and spacing of the PDMS microchannels, up to 100 individual array elements can be created (Lee et al. 2001) .
Quantitative functional proteomics on protein chips: selective applications using label-free detection Kinetic rate constants. SPR is ideally suited to measure the on-and off-rates of proteins and ligands from a surface bound proteome or subproteome. Most kinetic studies reported using SPR have been based on angle-shift measurements often restricted to one analyte assay per single substrate (O'Shannessy et al. 1993; Morton & Myszka, 1998; Suzuki et al. 2002; Chinowsky et al. 2003) . However, time-resolved SPR measurements in an array format have been reported for the study of a streptavidin/biotin based system . Additionally, kinetic values for transcription factor protein binding to double stranded DNA microarrays have been measured using real time SPR imaging (Kyo et al. 2004) . Recent work by Corn and colleagues demonstrated multiplexed kinetic measurements of protein-peptide adsorption/desorption and surface enzymatic reactions (Wegner et al. 2004) . Figure 2A shows a representative kinetic curve obtained by monitoring the change in percentage reflectivity caused by the adsorption and desorption of S-protein onto an immobilized S-peptide microarray (Wegner et al. 2004) . Upon introducing protein to the peptide array under continuous flow, an increase in signal is observed due to protein adsorption. The binding curve plateaus as a steady state is reached where protein adsorption and desorption rates are equal. Desorption of protein is observed when analyte-free buffer is flowed over the array surface. In order to extract values for the association (k a ) and dissociation (k d ) rate constants, sequential fitting of the response curves over a series of different protein concentrations is required. Based on a simple 1 : 1 interaction model between a protein analyte and a surface bound peptide molecule (i.e. A + B ↔ AB), the rate of desorption of the complex AB can be described in terms of the SPR response ( %R):
where R is the maximum change in SPR signal measured at each protein concentration (O'Shannessy et al. 1993) . For example, fitting a series of normalized S-protein desorption curves to eqn (1) yields a value for k d of 1.0 (± 0.08) × 10 −2 s −1 . Importantly, the same slope was observed at different S-protein concentrations, indicating that the rate of desorption is independent of initial S-protein surface coverage. Figure 2B shows a series of adsorption curves obtained at different S-protein concentrations, which can be analysed using:
where γ = k a C + k d with C being the protein concentration. R can also be defined as equal to the product R max θ , where R max is the maximum SPR signal obtained when all surface binding sites are occupied and θ is the fraction of the total surface coverage. Therefore, a plot of γ versus C can be obtained such as that in Fig. 2C by fitting the adsorption curves shown in for the S-protein and S-peptide interaction, which corresponds well with other independent equilibrium measurements (Connelly et al. 1990; Goldberg & Baldwin, 1999; Dwyer et al. 2001) . This methodology was further utilized to simultaneously determine rate constants of S-protein adsorption/desorption onto multiple S-peptide derivatives in an array format using a single chip.
Protein interactions and activity. SPR imaging provides a powerful platform for surface based kinetic measurements of enzymatic reactions (Goodrich et al. 2004a ) and enzymatic modification of proteins involving proteases (Wegner et al. 2004) . During the last decade, peptide microarrays have been emerging as a promising tool for investigating enzymatic modifications of immobilized peptides (Mukhija et al. 1998; Wenschuh et al. 2000; Hilpert et al. 2001 ) by kinases, proteases and phophatases as well as identifying important residues in protein-protein recognition (Reineke et al. 1999; Reineke & Jerini, 2004 , e.g. antibody-antigen epitope mapping). The most widespread array fabrication method used is based on SPOT technology, involving the combinatorial synthesis of peptide libraries on a cellulose membrane at discrete locations (Mukhija et al. 1998; Reineke et al. 2001 Reineke et al. , 2004 . The majority of peptide microarray based assays employ fluorescent, enzymatic or radioactive detection. SPR is an ideal solution when labelling is difficult and can interfere with the biological activity of the target molecule. Unlike SPOT technology, SPR imaging detection is based on the use of specifically developed surface chemistry (see Surfaces for SPR analysis) for the controlled attachment of biomolecular probes.
Multiplexed epitope mapping and analysis of protease and kinase substrate specificity. In this section, the use of peptide microarrays for the study of FLAG antibody epitope mapping and the sequence specific factor Xa cleavage reaction using SPR imaging is described as an example of how SPR imaging can be used to determine protein activity and specificity. In both cases, patterned peptide arrays were created using a set of parallel PDMS microchannels (Wegner et al. 2002 (Wegner et al. , 2004 . A second microchannel with a serpentine design was used as a small volume flow cell (5 µl) to introduce target solutions to the peptide surface. Figure 3A (from Wegner et al. 2002) shows differential binding of anti-FLAG M2 to a peptide array composed of four different peptide epitopes, selected from the critical residues of the FLAG binding motif (Slootstra et al. 1996) . The highest SPR signal was observed for F1, the original peptide, while F2 and F3, which contained alanine substitutions for amino acids in the binding motif, showed the least anti-FLAG adsorption. As well as distinguishing between peptide sequences differing by a single amino acid substitution, quantitative analysis of the SPR images at different anti-FLAG concentrations yielded values for the adsorption coefficient (K Ads ), for the different peptide interactions, which were comparable to solution measurements of equilibrium dissociation constants. Peptide microarrays used in conjunction with SPR imaging have been used to study the enzymatic reaction of factor Xa protease. Understanding the intricacies of factor Xa cleavage is of importance due to its role in the regulation of the clotting cascade and in haemophilia clinical assays (Rai et al. 2001; Bianchini et al. 2002) . As an example, Fig. 3B (from Wegner et al. 2004) demonstrates real-time monitoring of the differential proteolytic cleavage of multiple peptide array elements by Xa. These peptide array elements contained the wild-type recognition substrate, a mutant substrate, and a negative control peptide sequence. From the real time data, the reaction rates of Xa cleavage on both the wild-type and mutant peptide sequence were obtained. The wild-type substrate was shown to undergo proteolytic cleavage 10 times faster than the mutant substrate (Wegner et al. 2004 ).
In addition to protease studies using peptide microarrays, a protein chip that contains an array of 97.5% of the known protein kinases in yeast has been described by Zhu et al. (2000) . This was used for multiplexed functional proteomic analysis to quantify their activities and determine substrate specificities. The kinases were expressed as GST-fusions in E. coli and purified using a glutathione affinity matrix. The authors isolated 119 soluble protein kinases, which were covalently attached to the surface of 300 nl silicon microwells through the immobilized thiol reactive crosslinker (Zhu et al. 2000) . Protein kinase activities were determined for 17 different kinase substrates within the array by measuring the rate of 32 P incorporation from ATP into tyrosine kinase substrates. The authors used these chips for multiplexed, high throughput functional proteomic analysis of protein kinase activity including analyses of substrate specificity that provided new information on key amino acids found in the vicinity of the catalytic active site of tyrosine kinases. The availability of protein kinase chips and knowledge of their substrate specificities should greatly facilitate the discovery of specific inhibitors within chemical libraries that may prove useful in treating various diseases.
Fluorescence based analysis of conformational dynamics in functional protein complexes
A complete functional analysis of a proteome or subproteome should include a study of the mechanisms that underlie protein function. These studies are essential to our understanding of complex cellular processes such as muscle contraction and cell motility. For example, while the protein components of the cardiac thin filament complex have been known for more than four decades, the mechanism underlying the regulation of thin filament activation is still controversial (Huxley, 1972; Squire & Morris, 1999; Xu et al. 1999) . The Marriott laboratory has developed an approach to map protein motions within actomyosin and cardiac thin filaments that uses FRET techniques to measure changes in the proximity between specific sites on actin and thin filament proteins at the level of single filaments sliding on myosin (Heidecker et al. 1995; Yan & Marriott, 2003b) . While FRET based measurements of distance are less precise than those obtained from X-ray crystallography, this approach has the advantage of generating information on functional motions within large molecular complexes at physiologically relevant concentrations and within physiologically relevant solutions. Microscope based functional and mechanistic analyses of other protein machines have been described including the multiprotein, actin nucleation complex Arp2/3-WASP/Scar (Blanchoin et al. 2000) , the Fo-ATPase (Kinosita et al. 2004) , RNA polymerase (Harada et al. 1999) , and the microtubule-kinesin motor protein complex (Friedman & Vale, 1999) .
Conformational dynamics in functional actomyosin filament complexes Kron & Spudich (1986) developed a surface based motility assay to analyse interactions and activities between single actin filaments and myosin on the chip surface -the assay provides a truly functional assessment of the actomyosin complex because it measures how well the free energy associated with the binding and hydrolysis of ATP and release of hydrolysis products within the complex is coupled to the movement of actin filaments -the measured sliding velocity of single filaments at 5 µm s −1 is close to the unloaded sliding velocity in skeletal muscle (Kron & Spudich, 1986) . The motility assay can therefore be used to study structure-function relationships at the level of a single actin filaments interacting with only a few myosin molecules. Further modifications to the assay (Gordon et al. 1997; Gerson et al. 1999 ) make it possible to analyse the role of structural dynamics for specific thin filament proteins, e.g. troponin C and tropomyosin, and calcium ions, in regulating the contraction of single The fluorescence emission from the surface bound protein complex excited by conventional epi-or total internal reflection (TIRF) illumination can be directed to a fluorometer via a fibre optic to record the fluorescence emission spectra or else directed through a double-view adaptor, which separates the donor and sensitized emission (or polarized components of the emission) using a pair of dichroic mirrors before being detected by the CCD camera. cardiac thin filaments. Finally this system can also be used to investigate the effects of specific mutations in tropomyosin and troponin subunits (e.g. those found in hypertrophic cardiomyopathies) on the sliding velocity and Ca 2+ sensitivity of thin filament function (Bing et al. 2000) .
The Marriott lab has modified the motility assay for high resolution, fluorescence imaging microscopy based spectroscopic analyses of functional protein motions within actin and thin filament proteins (Fig. 4) -the goal for these studies is to correlate structural dynamics of actin, thin filament proteins and myosin to specific steps in the regulation and contraction of actin filaments. For example, fluorescence imaging of single actin filaments has been used to investigate the role if any of protein motions within actin and functional thin filaments as they move on myosin (Heidecker et al. 1995) . In these studies single actin filaments were stoichiometrically labelled with FITC-phalloidin and TRITC-phalloidin -these probes serve to visualize individual actin filaments as they move on the myosin coated surface, and to map changes in probe orientation (fluorescence polarization) and molecular proximity (FRET) between the phalloidin binding sites on filaments as they slide on myosin ( Fig. 5 ; Heidecker et al. 1995; Yan & Marriott, 2003a) . In Fig. 5B and C we show an image field containing three different types of labelled actin filaments bound with either the donor probe (D), the donor and acceptor probes (D/A; Fig. 5B ) and acceptor probe (A; Fig. 5C ). Steady state fluorescence imaging of filaments in an image field using donor excitation (488 nm) and donor emission (520 nm) reveals two of the three filament types (D and D/A; Fig. 5B ). The D/A and A only containing filaments are identified using 546 nm excitation and 580 nm emission (Fig. 5C ). Quantitative analysis of FRET within the D/A J Physiol 563.1 filaments is performed by measuring the intensities of donor fluorescence along the length of D/A and D filaments in the same image field (Fig. 5B) . FRET efficiency is calculated following corrections for the number of donor probes within each filament, the random distribution and local background signal according to Heidecker et al. (1995) . These quantitative fluorescence-imaging studies show that the phalloidin probe is fixed on the actin filament and does not undergo any significant motions while the filament slides on myosin. FRET between the D and A probes is shown to occur between adjacent actin protomers (N and N + 1; R = 3.8 nm) rather than between actin protomers along the same long-pitched actin helix (N and N + 2; 5.5 nm; Heidecker et al. 1995) . This experimental system can also be used to determine whether the phalloidin probe and, by implication, the actin Figure 5 . Surface based determinations of molecular proximity and orientation within single actin filament complexes A, schematic representation of the actomyosin motility assay. Single actin filaments harbouring donor and acceptor probes at specific sites on each protomer are laid down on a monolayer of myosin and visualized using the microscope described in Fig. 4 . B and C, three types of filaments (donor only (D), donor-acceptor (D/A) and acceptor only (A)) are bound to myosin. The addition of 1 mM ATP results in the motility of filaments at 5 µm s −1 . FRET efficiency is determined for filaments in the absence and presence of ATP by comparing emission intensities of the donor only and donor-acceptor filaments (Fig. 5B) according to Heidecker et al. (1995) . D and E, polarizing beam splitters are used in the double view adaptor for FP based imaging of molecular orientation on single actin filaments. F, the value of the corrected polarization for TRITC-phalloidin molecules is computed on a pixel by pixel basis for each actin filament in the field.
protomer experience rotational motions during sliding on myosin. Thus steady state fluorescence polarization image microscopy (FPIM) of single actin filaments labelled with tetramethylrhodamine (TMR)-phalloidin ( Fig. 5D and E) shows that the TMR probe is highly immobilized and orientated at an angle of ∼30 deg with respect to the filament axis on the filament and does not undergo any significant rotational motion while sliding on myosin (Yan & Marriott, 2003a) . These studies suggest that the actin protomers in a filament play a rather passive role in the contraction of actomyosin. On the other hand, we expect that the same FRET/FPIM approach applied to fluorescently troponin subunits and tropomyosin within thin filaments will reveal more dramatic structural dynamics that are proposed to underlie the regulation of muscle contraction (Huxley, 1972; Xu et al. 1999 ).
Summary
The combination of SPR imaging measurements and quantitative fluorescence microscopy of protein and peptide microarrays exhibits great potential in multiplexed functional proteomic analysis of protein interactions. We have also highlighted in this article how quantitative fluorescence microscopy can be used to understand the mechanism of protein-driven reactions by correlating specific motions within protein machines to function. These two techniques should prove to be invaluable tools for the quantitative, kinetic analysis of protein binding reactions and protein activity as well as the characterization and kinetic analysis of post-translational modifications of proteins. These two approaches are also suitable in translational research including high throughput screening of drugs that inhibit specific enzymatic activities involving kinases, proteases and phosphatases.
